ture to corundum has been that a corresponding feature expected at 22 m is not observed. However, the amplitude of the 22-m feature is known to vary with grain shape (37 ) and is much lower in intensity than the 13-m feature, and thus it may be too weak to resolve. Based on the structure and oblong shape of T103, crystalline corundum appears to be a likely contributor to the 13-m feature. The assignment of the broad asymmetric feature peaking near 12 m to amorphous Al 2 O 3 is less debated, and this assignment gains further support from the amorphous nature of T96. Microbial methane consumption in anoxic sediments significantly impacts the global environment by reducing the flux of greenhouse gases from ocean to atmosphere. Despite its significance, the biological mechanisms controlling anaerobic methane oxidation are not well characterized. One current model suggests that relatives of methane-producing Archaea developed the capacity to reverse methanogenesis and thereby to consume methane to produce cellular carbon and energy. We report here a test of the "reverse-methanogenesis" hypothesis by genomic analyses of methane-oxidizing Archaea from deep-sea sediments. Our results show that nearly all genes typically associated with methane production are present in one specific group of archaeal methanotrophs. These genome-based observations support previous hypotheses and provide an informed foundation for metabolic modeling of anaerobic methane oxidation.
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Anaerobic oxidation of methane (AOM) in marine sediments has been estimated to consume more than 70 billion kilograms of methane annually (1) . Analyses of pore waters from methane-oxidizing sediments along continental margins have mapped extensive zones of sulfate and methane depletion, which define the geographic and geochemical boundary conditions for AOM (2) (3) (4) . Combined geochemical and biological evidence indicate that microbial consortia, largely composed of archaea and sulfate-reducing bacteria (SRB), can couple methane oxidation to sulfate reduction (5, 6) . Current models suggest that methane is converted by methanotrophic archaea to carbon dioxide and reduced by-products (possibly including molecular hydrogen), which are subsequently consumed by sulfate-reducing bacteria (6) . In anoxic deep-sea sediments, AOM catalyzes the formation of authigenic carbonates with highly depleted 13 C content, thereby providing an enduring geochemical signature for past and present methane oxidation (7) (8) (9) . Microbial mediation of AOM significantly influences both local and global biological and biogeochemical processes. The process reduces methane flux to the water column, stimulates subsurface microbial metabolism, and also supports vigorous deep-sea chemolithotrophic communities that derive energy from one of its by-products, hydrogen sulfide.
Although no archaeal methanotrophs have yet been isolated in pure culture, phylogenetic, isotopic, and biochemical analyses indicate that several different methanogenrelated archaeal groups are involved in AOM (10) (11) (12) (13) . Two groups of putative anaerobic methane-oxidizing Archaea (ANME-1 and on May 23, 2008 www.sciencemag.org Downloaded from ANME-2) (10, 11) and several SRB groups typically occur together in methane-rich marine sediments, although environmental surveys and incubation studies have identified distinct population structures and distributions associated with specific habitats (10, (14) (15) (16) (17) . The extent to which ANME and SRB groups cooperate in AOM is uncertain, but specific physical associations between them have been observed (11, 15 ) .
To better define the process of AOM, we used environmental genomic techniques (18) to analyze methane-oxidizing archaeal populations found in deep-sea methane seeps. Our samples originated from a 6-to 9-cm-deep sediment pushcore interval (PC45) obtained from the Eel River Basin off the Mendocino California coastline (19) . Previous geochemical and chemotaxonomic analyses of the sampling site determined that ANME and SRB groups represent active and abundant members of a microbial community associated with AOM in Eel River sediments (14, 15, 17) . Microbial cells, including ANME-1, ANME-2, and associated SRB, were enriched from the sediment using density centrifugation and size selection (19) . High-molecular-weight DNA purified from this cell enrichment was used to construct several 3000 -to 4000 -base pair (3-to 4-kbp) insert whole-genome shotgun (WGS) libraries, and one 32-to 45-kbp insert fosmid library (19) . A total of 111.3 million base pairs (Mbp) of DNA sequence generated from 224,736 reads (averaging 732 bp per read) was derived from the WGS libraries. Paired-end sequencing of the fosmid library generated 4.6 Mbp of DNA sequence from 7104 reads (averaging 700 bp per read). Then, 191 fosmids encompassing 7.4 Mbp of DNA were selected for subcloning and sequencing on the basis of the results of pairedend sequencing, small-subunit ribosomal RNA (SSU rRNA), and functional gene screening (19) . Fosmid-sequencing efforts focused on archaeal clones to maximize large-insert coverage depth of ANME genomes.
The cell purification procedure used in sample preparation was intended to reduce the complexity in the original, diverse sediment-associated microbial community and to enrich for the AOM microbial consortia. Based on SSU rRNA gene representation in both the WGS and fosmid libraries, the microbial community structure was dominated by ANME-1, ANME-2, and SRB groups (Fig. 1) . The dominance of ANME-1 in the purified cell population is also supported by the distribution and types of methane-oxidizing Archaea (MOA)-specific methyl coenzyme M reductase (MCR) subunit A (mcrA) genes present in the library (figs. S1 and S2) (17) . This enrichment of ANME cells and genomic DNA facilitated detailed genomic analyses of this population subset. ANME-1 and ANME-2 SSU rRNA and mcrA genes encoded on large genomic fragments formed distinct groups and subdivisions, each showing specific substitutions, transpositions, and indels. However, over the length of each fragment, gene content and operon organization were highly conserved within any given subdivision (Fig. 2 and fig.  S1 ). In several instances, gene content was shared among fosmids from different groups containing SSU rRNA or mcrA, or between fosmids containing SSU rRNA and mcrA (Fig. 2) . On average, the GϩC content of ANME-1 fosmids containing SSU rRNA and mcrA was 45.1%, compared with 51.1% for those of ANME-2 (table S2) . Subgroups of ANME-1 and ANME-2 fosmids containing SSU rRNA or mcrA harbored additional methanogenesis-associated genes (Figs. 2  and 3; table S2 ), providing linkage information used in determining the origin of related sequences in the WGS and fosmid libraries.
Surveys of the environmental libraries revealed the presence and relative abundance of many genes encoding enzymes typically associated with the methanogenic pathway ( Table 1 , Fig. 4, and fig. S2 ) (19) (20) (21) , N 10 -methenyltetrahydromethanopterin (methylene-H4MPT) reductase (mer), components of all enzymatic steps (steps 1 to 4 and steps 6 to 7, Table 1 ) were represented in both WGS and fosmid library data sets (Table 1 and table S2) . Four sequences encoding mer were encountered only in the WGS data set, but these probably reflect a low-level presence of bona fide methanogens in the sample. This observation is consistent with previous SSU rRNA surveys in Eel River sediments, where a few acetoclastic methanogen sequences occurred together with ANME-1 and/or ANME-2 ribotypes (14) . Although no bona fide methanogen SSU rRNAs 
A ANME-2 ANME-1 ANME-2 ANME-1 A B Fig. 2 . Comparison of ANME-1 and ANME-2 fosmids containing SSU rRNA (A) or mcrA (B) based on predicted gene content and order. Genes shared in common among or between fosmids are connected by shaded boxes. ANME-1 mcrBGA subunits are separated from the mcrC component by a spacer region varying between ϳ1 and 14 kbp from the predicted mcrB start site. In every case, the mcrC component is linked to a tandem duplication of the atw locus, an adenosine 5Ј-triphosphate (ATP)-binding protein associated with activation of the MCR holoenzyme in vitro (26) . 
G+C Content
ANME-2 SSU ANME-2 mcr ANME-2 mch ANME-1 mcr ANME-1 SSU/LSU ANME-1 Fig. 3 . Determination of ANME-1 or ANME-2 fosmid identity based on GϩC content and depth of WGS coverage. Bin I bounded by red ellipse corresponds to ANME-1. Bin II bounded by orange ellipse corresponds to ANME-2. Fosmids containing SSU rRNA (filled circle), mcr (filled square), and mch (open circle) genes are highlighted in red (ANME-1) or orange (ANME-2).
Read depth corresponds to the total number of WGS nucleotides aligning to a given fosmid, divided by the length (in bps) of that fosmid (19) . S2 ). These are readily distinguished from ANME gene fragments by both their phylogeny and WGS coverage. Fosmid sequences were compared on the basis of their GϩC content and WGS coverage (19) . This approach was chosen on the basis of the clear GϩC bias between ANME-1 and ANME-2, as well as the apparent high representation of ANME-1 genomic DNA (Fig. 1) in the WGS and fosmid libraries. Two bin distributions, I and II, were evident from using this approach ( Fig. 3 and table S2 ). The depth of WGS coverage for bin I ranged between 0.3 and 7.9 ϫ and between 0.4 and 1.4 ϫ for bin II (Fig. 3) . All ANME-1 fosmids containing SSU rRNA or mcrA mapped to bin I, and all ANME-2 fosmids containing SSU rRNA or mcrA mapped to bin II ( Fig. 3 and  table S2 ). Independent phylogenetic and linkage analyses clearly identified a total of 16 ANME-1 fosmids, all of which grouped in bin I (Fig. 3) . Similarly, all five fosmids that could be unambiguously identified as ANME-2 grouped into bin II (Fig. 3) . Assembly of binned fosmids generated 13 unique scaffolds from within bin I, and one from within bin II, with no cross-assembly between the bins (22) . Together, these data provide strong support for the assignment of fosmids encoding methanogenesisassociated genes to ANME-1 or ANME-2 groups, according to their bin distribution. Specific identification of many ANME-1-derived genome fragments provided the framework necessary for modeling a presumptive pathway for methane consumption within this group.
The available data strongly suggest that the ANME-1 group contains all steps in the canonical seven-step methanogenic pathway with the exception of step 5, encoded by mer (Table 1 and Fig. 4 ).
Although this gene is required for methanogenesis from CO 2 and one carbon (C1) compounds including methanol and methylamines, loss of mer activity in ANME-1 could promote AOM by increasing the activation barrier for conversion of methylene-H 4 MPT to methyl-H 4 MPT. Given this observation, identification of methanofuran (MF)/H 4 MPT-dependent C1 transfer enzymes mediating steps 1 to 4 of methanogenesis in ANME-1 sequences is intriguing. It is possible that methylene-H 4 MPT derived from reduced CO 2 becomes a substrate for assimilatory metabolism via the serine cycle (23) . Alternatively, the C1 transfer module in ANME-1 could play a role in formaldehyde detoxification, analogous to the properties of other methylotrophic (24) or nonmethylotrophic bacteria (25) .
An F 420 -dependent quinone oxidoreductase (fqo) and numerous iron-sulfur cluster proteins were identified among the ANME-1 S4, table S2 ). Moreover, electron input modules encoded by coenzyme F 420 -reducing hydrogenase subunit B (frhB) were identified on 12 ANME-1 fosmids containing methanogenesis-associated genes (table S2), which suggested possible coupled expression and functioning of these enzymes, as well as the generation of a proton motive force derived from reduced F 420 or ferredoxin. Given these observations, the "unfavorable" thermodynamics of methane activation in AOM might be overcome by metabolic coupling to the energy conservation reactions driven by the F 420 -dependent respiratory chain. In ANME-1, fqo is most similar in operon structure and gene sequence to homologous genes in Archaeoglobus fulgidus ( fig. S3 ), which indicates that ANME-1 contains genomic features of both sulfate-reducing and methanogenic Archaea.
The identification of most of the genes associated with methanogenesis in the ANME-1 group (and to a lesser extent, ANME-2) lends strong support to the reverse-methanogenesis hypothesis. The presence of genes that typify methane production in methanotrophic Archaea renders some of the classical molecular biomarkers of methanogenesis somewhat ambiguous. At the same time, these data provide new insight into the evolution, ecological roles, and diversity of methane-cycling Archaea and their unique metabolic machinery. The data also facilitate a more mechanistic biological understanding of the environmentally significant biogeochemical process of methane oxidation in anoxic marine habitats. Table 1 . Identification of methanogenesis-associated genes in Eel River sediment genomic DNA libraries.
Step numbers indicate points in the H4MPT-dependent methanogenic pathway. Total number of gene ids among -libraries: Identification based on tblastN results constrained to expectation cut-off ϾE -10. Positive identifications (ids) are indicated by numbers, and negative ids are indicated by (-) and underlined gene name and locus.
Step Gene name (4) . Many biology textbooks use these birds to illustrate the history of evolutionary theory as well as adaptative radiation, natural selection, and niche partitioning (5-7). The diverse shapes and sizes of the finch beaks are believed to be maximally effective for exploiting particular types of food, including seeds, insects, and cactus flowers (3, 7) . The external differences in beak morphology reflect differences in their respective craniofacial skeletons (3, 8) . The specialized beak shapes are apparent at hatching (3, 8) and thus are genetically determined.
To study the craniofacial development of Darwin's finches, we first developed a staging system by which we could compare them to each other and to the chicken, the existing avian model system ( fig. S1 ) (9) . We used this system to compare beak development in six species of Darwin's finches belonging to the monophyletic ground finch genus Geospiza. The sharpbeaked finch G. difficilis, with a small symmetrical beak, is the most basal species (Fig. 1A) (10) . The other species fall into two groups: three species with broad and deep beaks used for crushing seeds (small, medium, and large ground finches-G. fuliginosa, G. fortis, and G. magnirostris) and cactus finches with long pointed beaks used for reaching into cactus flowers and fruits (cactus and large cactus finches-G. scandens and G. conirostris) (Fig. 1A) (7, 10) .
We compared beak development in embryos of all six species. Species-specific differences in the morphological shape of the beak prominence are first apparent by embryonic stage 26 (Fig. 1, B and C, and fig. S2 ). We therefore expected factors involved in directing the differential aspects of beak morphologies to be expressed at or before this time. We also expected such species-specific differences to reside in the mesenchyme on the basis of recent transplantation experiments between quail and duck embryos (11) .
We analyzed expression patterns of a variety of growth factors, which are known to be expressed during avian craniofacial development (12) (13) (14) , among the different Geospiza species, using in situ hybridizations on equivalent medial sections (as revealed by the presence of Rathke's pouch; fig. S3 ) of stage 26 and stage 29 embryos (Fig. 1, B and C, and fig. S4 ) (15) . We looked for factors whose expression in the mesenchyme of the beak prominence correlated with the increasing depth and width of beaks seen as one compares G. difficilis to G. fuliginosa, G. fortis, and G. magnirostris. To eliminate changes in expression that were merely related to the overall size of the bird and not to changes in beak morphology, we also compared expression patterns in G. scandens and G. conirostris, which are similar in size to G. fortis and G. magnirostris, respectively, but share the more pointed beak morphology (Fig. 1A) .
Most factors examined either showed no difference between Darwin's finches species (including Shh and Fgf8) (15) or, in the case of Bmp2 and Bmp7, correlated with the size of the beak but not its shape ( fig. S4 ). In contrast, we observed a striking correlation between beak morphology and the expression of Bmp4 (Fig. 1, B and C) . In G. difficilis, Bmp4 expression is first seen at low levels in the subectodermal mesenchyme at stage 26 (Fig. 1B) . Once the cartilage condensation has occurred at stage 29, Bmp4 continues to be expressed in mesenchymal cells surrounding the most rostral part of the prenasal cartilage. When the embryos of the three ground finch species were examined, we noted a dramatic increase in the level of Bmp4 expression in G. magnirostris at stage 26, whereas Bmp4 expression in all the other species was more or less equivalent to that in G. difficilis (Fig. 1B) . By stage 29, however, all three ground finch species displayed elevated levels of Bmp4 expression, with G. magnirostris being the strongest and G. fuliginosa the weakest of these. G. scandens, a relatively pointed-beaked species of similar size to G. fortis, and G. conirostris, which is similar in size to G. magnirostris, did not show this increase in relative levels of Bmp4 expression (Fig. 1C) . The expression patterns of all factors were examined in three or four independent embryos for each species (except for G. scandens, for which two embryos were examined), and the results were consistent. Thus, the species with deeper, broader beaks relative to their length express Bmp4 in the mesenchyme of their beak prominences at higher levels and at earlier stages (a heterochronic shift) than species with relatively narrow and shallow beak morphologies. Moreover, the differences in Bmp4 expression are coincident with the appearance of species- 
MATERIALS AND METHODS

Sediment sample preparation and cell enrichment
A sediment push core (PC45) was obtained from the Eel River Basin (dive T201, LAT: 40,785 LON: -124.596) at a depth of ~520 m using the remotely operated vehicle Tiburon (S1). Sediment samples were extruded at 3-cm intervals and frozen at -80°C until processed. Sediment from the 6-to 9-cm interval of PC45 was post-fixed in phosphate-buffered saline (PBS) and ethanol (50% 1X PBS: equal vol. ethanol) and stored at -20°C before cell enrichment and DNA extraction.
Before DNA extraction, intact cells were enriched from 40 g post-fixed sediment by Percoll gradient centrifugation and filtration. Sediment slurry (~300 µL) was added to 1.2 ml of 1X PBS, vortexed, and sonicated at 30 amps for 20 seconds on ice. Percoll density gradients were established by spinning 30 ml of 50% (vol/vol) percoll (Sigma-Aldrich ) in 1X PBS solution at 17,800 rpm in an SS-34 rotor for 30 min at 4°C. Sediment slurry (3.0 ml) was loaded onto the top of each gradient. Overlain gradients were then centrifuged at 4,780 rpm in an HS-4 swinging bucket rotor for 15 min at 4°C. Following centrifugation, the entire gradient was filtered through a 3 µm polycarbonate filter (Millipore, Billerica, MA) and rinsed with 1X PBS containing 1 µM EDTA to remove excess percoll. Cells adhering to the membrane were removed in 1X PBS, pooled, pelleted in a micro-centrifuge under low gravity, and stored at -20°C before DNA extraction. Percoll-filtered samples yielded ~1.2 X 10 6 DAPI staining cells/gram starting sediment.
DNA extraction and purification
Cells (~5.1 X 10 7 ) were resuspended in 550 µl of Tris-EDTA pH 7.0 (TE) containing 2 mg/ml proteinase K (Fisher Scientific, Hampton, NH). SDS was added to a final concentration of 1%, and the suspension was incubated at 55°C for 20 min in a Micro 200 rotating hybridization oven (Robbins Scientific, Sunnyvale, CA). Primary incubation was followed by a second incubation at 70°C for 5 min with rotation. The crude lysate was vortexed and incubated again at 70°C for 5 min, followed by centrifugation at 10,000 rpm for 10 min to pellet cellular debris. The supernatant was removed and extracted with phenol:chloroform:IAA (25:24:1) 3 times, followed by extraction with chloroform:IAA (24:1) once to remove residual phenol. Supernatants were concentrated and washed with TE buffer (pH 7.5) in a Centricon 100 (Millipore) according to the manufacture's instructions. Before cloning, DNA was further purified on a CsCl density gradient. Concentrated DNA was diluted to 178 µl with dH 2 O and mixed with 160 mg CsCl. 10 µl of ethidium bromide (10 µg/ml) was added to the solution before centrifugation. The sample was loaded into a 7 X 20 mm polycarbonate ultracentrifuge tube (Beckman Coulter, Fullerton, CA) and centrifuged in an Optima TL Benchtop Ultracentrifuge (Beckman Coulter) at 100,000 rpm in an TLA-100 rotor for 24 hours at 20°C. Following centrifugation, the sample was visualized under UV light and resulting high-molecularweight DNA (hmw DNA) band removed using a sterile 1-cc syringe. hwmDNA was washed 3 times with water saturated butanol to remove ethidium bromide, diluted in ~2 ml TE and concentrated in a Centricon 100 (Millipore). Approximately 3 µg hmwDNA was purified in this way.
Fosmid and shotgun library construction
Fosmids were prepared using an EpiCentre Epifos fosmid library production kit (Epicentre, Madison, WI), modifying protocols to work with reduced quantities of genomic DNA. Briefly, 600 ng (~10 g sediment equivalent) hmwDNA was end-repaired and separated on 0.5% agarose in 1X TAE o/n at 30 volts. 40-50 kbp fragment pools were gel purified and cloned into the vector pEpiFOS (Epicentre). Ligated DNA was packaged using the Epicentre MaxPlax lambda packaging extract and used to transfect E. coli DH10B cells. Transfected cells were selected on LB agar containing 15 µg/ml chloramphenicol. (LB cm15 ) Resulting clones were picked into 96-well microtiter dishes containing LB cm15 with 7% glycerol and stored at -80 °C.
Three-kbp DNA shearing and plasmid subcloning Approximately 1.5 µg of isolated hmwDNA or 3-5 µg of selected fosmid DNA (30 g sediment equivalent) was randomly sheared to 3-to 4-kbp fragments (25 cycles at speed code 12) in a 100 µl volume using a HydroShear ™ (GeneMachines, San Carlos, CA). The sheared DNA was immediately blunt end-repaired at room temperature for 40 min using 6 U of T4 DNA Polymerase (Roche, Mountain View, CA), 30 U of DNA Polymerase I Klenow Fragment (NEB, Beverly, MA), 10 µl of 10 mM dNTP mix (Amersham Biosciences, Piscataway, NJ), and 13 µl of 10X Klenow Buffer in a 130 µl total volume. After incubation the reaction was heat inactivated for 15 min at 70°C, cooled to 4°C for 10 min and then frozen at -20 °C for storage. The end-repaired DNA was run on a 1% TAE agarose gel for ~ 30-40 min at 120 volts. Using ethidium bromide stain and UV illumination, 3-to 4-kbp fragments were extracted from the agarose gel and purified using QIAquick . Transformed cells were transferred into 1000 µl of SOC and incubated at 37 °C in a rotating wheel for 1 hour. Cells (usually 20-50 µl) were spread on 22 x 22 cm LB agar plates containing 100 µg/mL of ampicillin, 120 µg/mL of IPTG, and 50 µg/mL of X-Gal. Colonies were grown for 16 hours at 37°C. Individual white recombinant colonies were selected and picked into 384-well microtiter plates containing LB/glycerol (7.5%) media containing 50 µg/mL of ampicillin using the Q-Bot ™ multitasking robot (Genetix, Dorset, U.K.). To test the quality of the library (XYG), 24 colonies were directly PCR amplified with pUC m13 -28 and -40 primers using standard protocols. Libraries are considered to pass PCR QC if they have > 90% 3-kbp inserts (For more information go to http://www.jgi.doe.gov/).
Plasmid amplification 2 µl aliquots of saturated E. coli cultures (DH10B) containing pUC 18 vector with random 3-to 4-kbp DNA inserts grown in LB/glycerol (7.5%) media containing 50 µg/mL of ampicillin were added to 8 µl of a 10 mM Tris-HCl pH 8.2 + 0.1 mM EDTA denaturation buffer. The mixtures were heat lysed at 95°C for 5 min then placed at 4°C for 5 min. To these denatured products 10 µl of an RCA reaction mixture (TempliPhi ™ DNA Sequencing Template Amplification Kit, Amersham Biosciences) were added. The amplification reactions were carried out at 30°C for 12-18 hours. The amplified products were heat inactivated at 65°C for 10 min then placed at 4°C until used as template for sequencing.
Sequencing and assembly
Aliquots of the 20 µl amplified plasmid RCA products were sequenced with standard M13 -28 or -40 primers. The reactions contained 1 µl RCA product, 4 pmol primer, 5 µl dH 2 O, and 4 µl DYEnamic ™ ET terminator sequencing kit (Amersham Biosciences). Cycle sequencing conditions were 30 rounds of 95°C-25 sec, 50°C-10 sec, 60°C-2 min, hold at 4°C. The reactions were then purified by a magnetic bead protocol (see research protocols, www.jgi.doe.gov) and run on a MegaBACE 4000 (Amersham Biosciences). Alternatively, 1 µl of the RCA product was sequenced with 2 pmol of standard M13 -28 or -40 primers, 1 µl 5X buffer, 0.8 µl H 2 O, and 1 µl BigDye sequencing kit (Applied Biosystems, Foster City, CA) at 1 min denaturation and 25 cycles of 95°C-30 sec, 50°C-20 sec, 60°C-4 min, and finally hold at 4°C. The reactions were then purified by a magnetic bead protocol (see research protocols, http://www.jgi.doe.gov/) and run on an ABI PRISM 3730 (Applied Biosystems) capillary DNA sequencer.
Data analysis
Assembled shotgun reads, fosmid-ends and assembled fosmid sequences were annotated using the FGENESB pipeline for automatic annotation of bacterial genomes from Softberry (http://www.softberry.com/berry.phtml) using the following parameters and cut-offs: ORF size = 100 aa, Expectation = 1 X 10
. Predicted ORFs were queried against COG and GenBank non-redundant (NR) databases. To identify SSU and LSU rRNA genes, individual shotgun reads, shotgun contigs, fosmid-ends and assembled fosmid sequences were queried against NR using blastn with expectation cut-offs of 1 X 10
. tRNAs were identified using tRNAscan-SE 1.21 (S2) set to archaeal and bacterial tRNA covariance models. Automated FGENESB annotation of fosmids containing SSU rRNA or the methanogenesis-associated gene was manually refined using the genome annotation and visualization tool ARTEMIS (S3). Identification of methanogenesisassociated genes was based on the results of FGENESB annotation of shotgun and fosmid library sequences and tblastn queries (Table 1 and Tables S2 and S3 ).
Depth analysis of whole-genome shotgun (WGS) and completed fosmid clones was based on the following considerations. Given that the expected number of reads in the 4 WGS dataset belonging to any component genome of the environmental DNA sample mixture is proportional to both its copy number and the length of each copy, the density (or equivalently the depth of coverage) of WGS reads sampled from a given genome should provide a measure of a genome's abundance in the source material. Because MOA groups have different abundances in the source material, individual fosmid clones should be classifiable on the basis of the depth of representation of its sequence in the WGS reads. Therefore, the density of read sampling of each fosmid clone was estimated on the basis of alignment to the WGS read set. The shotgun dataset was reduced to 133,713 nonredundant reads containing at least 100 bp of high quality trimmed sequence. Vector sequence was removed from the reads using cross_match version 0.960731 (S4) and each read was trimmed to the longest interval over which the average phred quality score over a sliding window of 11 bp is at least 15. All reads that could be aligned over 90% of their length with a minimum percent identity threshold (p) of 93% were counted. The density of WGS coverage of a fosmid clone is the number of full-length WGS read hits divided by the length of the fosmid sequence. Alignments were computed using MegaBLAST version 2.2.5 (S5). The high degree of sequence diversity observed among and between MOA groups made the absolute values of the densities obtained sensitive to the choice of the threshold p. Additionally, variation among related genomic loci increased the degree of uncertainty in density estimates. Density values observed for group I, for example, had a mean and standard deviation of 5 ± 2, where we would expect perfect discrimination of alignments to yield a statistically-limited uncertainty of only 0.4, or 8%. Despite this variation, existence and composition of the two bins shown in Figure 2 was robust to the choice of the threshold p. In several instances, contigs from incomplete, but ordered and oriented fosmids were included in the depth analysis (Table S2) .
Phylogenetic analysis
Phylogenetic analyses of fosmid derived SSU rRNA and mcrA genes were preformed on sequences from known MOA groups as well as representatives from the primary lines of descent within methanogenic lineages. SSU rRNA and mcrA gene sequences were identified via homology searches of the WGS and fosmid libraries (see above) and PCRbased screening (S6). SSU rRNA sequence data were compiled with ARB software (www.arb-home.de) and aligned with sequences from GenBank using the FastAligner program. Aligned sequences were visually inspected for conservation of secondary structure features and manually edited when necessary. SSU rRNA trees were based on comparison of 644 nucleotides. mcrA trees were based on comparison of 368 amino acids. Phylogenetic trees for both SSU rRNA and mcrA genes were generated using distance and parsimony methods implemented in PAUP* version 4.0b10 (S7). SSU rRNA sequence distances were estimated using the Kimura two-parameter model. Bootstrapping for distance and parsimony was accomplished with 1,000 replicates per tree using heuristic search methods.
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Red highlights ANME-1 group sequences. Orange highlights ANME-2c group members. Scale bars represents 50 changes. Phylogenetic placement of mcr subunits grouping outside of ANME-1 and ANME-2 bins. Only one representative fosmid sequence for each ANME-1 or ANME-2 mcr subunit is included for comparison. Bootstrap values are based on 1,000 replicates (neighbor joining on top and parsimony on bottom) and shown only when support is greater than 50%. Red highlights ANME-1 group sequences. Orange highlights ANME-2c group members. Green highlights methanogen-like sequences. Scale bar represents 50 changes. . Operonal structure and subunit relationships of F420-dependent quinone oxidoreductase (fqo) homologs from ANME-1 and ANME-2 archaea (A) Organization and subunit comparison of ANME-2 (top) and ANME-1 (bottom) fqo-related operons including nearest neighbors M. mazei and A. fulgidus. Percent identity (top) and similarity (bottom) between subunits shown in shaded areas. In cases of gene fusion (B/C/D, B/C, J) identity and similarity are represented by the average of combined subunit scores.
SUPPORTING FIGURES & LEGENDS
(B) Tentative model for complex assembly and function in M. mazei, A. fulgidus and ANME-1 (reviewed in (6)). Although the electron acceptor in the ANME-1 case is unknown, the close relationship between A. fulgidus and ANME-1 complexes suggests a modified quinone. MP = methanophenazine. MQ = menaquinone. 
